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ABSTRACT. ~ A revised procedure is described for counters tabling specimens with alcian 
blue for cartilage and alizarin red S for bone, and for clearing tissues with enzymes and/or 
potassium hydroxide. Procedures are described and suggestions are made to minimize loss or 
damage to bone and cartilage structures during fixation, storage in collections, and clearing 
and staining of specimens. 

This method differs from previously described procedures primarily in the following : 
specimens are not placed in water to remove formaldehyde following fixation. Instead they are 
dehydrated through a series of alcohols to minimize the acetic acid activity on bony structures 
while staining for cartilage. Following cartilage staining, specimens are immediately deacidified 
in alkaline solutions instead of transferring them through several series of alcohols. Suggested 
variations in the method are given for staining for bone alone, for cartilage alone or for both 
in the same specimen. 

RESUME. - L’auteur decrit un procede de coloration contrastee entre le cartilage (grace au 
bleu alcian) et 1’os (rouge alizarin S), et d’eclaircissement des tissus par Tutilisation d ‘enzymes 
et/ou d'hydroxyde de potassium. Les manipulations sont decrites et des conseils sont donnes 
pour minimiser La perte ou la deterioration de structures osseuses ou cart dag ineuses au cours 
de la fixation, de la conservation, de Peclaircissemeni ou de la coloration des specimens. 

Cette methods differe de cedes decrites jusqu’a present par les procedures suivantes : 
les specimens ne sont pas places dans Peau pour enlever le formol a pres la fixation; ils sont 
deshydrates au moyen d'une serie d’alcools pour reduire Pactivite de i'acide acetiqtte stir les 
structures osseuses au cours de la coloration du cartilage. A la suite de cetle coloration du earth 
lage, Pacidiie des specimens est immediatement neutralist par des solutions alcalines, au lieu 
de les transferer dans des series d'alcools. IP auteur suggere des variantes pour colorer Pos seul, 
le cartilage seul ou les deux sur le memo specimen. 

Key-words ; Fish, staining, cartilage, bone. 


Introduction 

OsteologicaJ studies using the current clearing and staining preparation techni¬ 
ques for bone (Taylor, 1967) have been advanced by the use of alcian blue as 
stain for cartilage. Alcian blue was introduced as a specific stain for certain mucins 

(1) National Museum of Natural History, Smithsonian Institution -Washington, D.C. 20560 USA. 
Cybium 1985, 9 (2) : 107-119. 
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or mucopolysaccharides by Steedman (1950), In recent years several papers have 
described procedures for staining cartilage with alcian blue and counterstaining 
bone with alizarin red S (particularly : Simons and Van Horn, I971;Jnouye, 1976; 
Wassersug, 1976; Dingerkus and Uhler, 1977; Whitaker and Dix, l979;Kimmel anti 
Trammell, 1981; Newman et al r 1983). We have investigated all these procedures 
primarily in regard to clearing and staining many species of fishes of about 10 to 
175 mm total length, but we have also double stained a few amphibians and mam¬ 
mals and observed stained bird skeletons* 

Our observations indicate that alcian blue in acid media of pH 1.0 to 2.5 per¬ 
manently stains cartilage blue, including hyaline, elastic and fibrous cartilages as 
well as the pseudo cartilage core or elastin net of siluroid barbels, gill filament carti¬ 
lage and chondroid of fishes. Alizarin red S in strongly alkaline media, in addition 
to staining bone will stain many calcified structures red. 

A number of defects in the published procedures have been noted, many of 
which we believe are corrected by the revised procedures herein described. \l is 
obvious that the method can be applied to all vertebrates. However, contrary to 
some published statements there are limitations, because the tissues of embryos and 
adults differ markedly. Thus, the staining of bone and/or cartilage may be lacking 
or incomplete. The techniques are best applied to small species and young speci¬ 
mens. Massive and dense tissues prevent or slow formaldehyde and stain penetration 
and large specimens cannot be made transluscent without removal of tissue. 

Certain membranes, skin and dense fibrous connective tissue, form barriers 
around some bone and cartilaginous structures in the adults of higher or warm 
blooded vertebrates. The thin skin over the auricle of Lepus and dense connective 
tissue enclosing the vertebrae and intervertebral disks of adult Peromyscus and 
Sciurus Impede or prevent these structures from staining. On the otherhand these 
structures are easily stained in newborn individuals. We liave noticed no such limi¬ 
tations in staining of both young and adults of many fishes and some amphibians 
with alcian blue and alizarin red S. Their skin and connective tissue does not appear 
to be barriers to the dyes. 

Statements that alcian blue may be useful in distinguishing cartilage in adults 
of most vertebrates are unfounded and interpretations must be made with caution. 
If in doubt, make an incision into the questionable structure and expose it to the 
stain to determine if the structure stains as cartilage. 

The success of the method depends to a very large extent upon the care with 
which specimens are fixed and/or preserved. Some commonly used methods of fixa¬ 
tion often result in poor museum specimens and unusable cleared and stained mate¬ 
rial. For example, excess acidity during fixation as well as during staining for carti¬ 
lage will materially demineralize tissues, sometimes leaving bony structures stained 
with alcian blue or unstainable with alizarin red S. We believe formaldehyde fixa¬ 
tion of specimens is best at neutrality with the pH maintained between 6.5 and 
7.2. Also our findings indicate a need for modification of museum curatorial prac¬ 
tices. The washing of specimens following formalin fixation and prior to cartilage 
staining or permanent museum storage reduces the stainable mucopolysaccharides, 
frequently rendering small cartilages unstainable. 
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This method differs from previously described procedures primarily in the 
following : specimens are not rinsed in water to remove formaldehyde following 
fixation* Instead they are dehydrated in a series of alcohols to minimize the acetic 
acid activity on bony structures while staining for cartilage* Following cartilage 
staining, specimens are immediately deacidified in alkaline solutions instead of 
transferring them through several series of alcohols. Suggested variations in the 
method are given for staining for bone alone, for cartilage alone or for both in the 
same specimens. 

Because we believe these observations point to better methods of fixation and 
curation of museum specimens, as well as providing good stained and cleared spe¬ 
cimens for the study of bone and cartilage, we describe them in some detail. 


Larval Fishes 

The presence of cartilage in embryos and larval fishes is readily determined 
by this method* But, determining the presence and time and/or degree of osteoge¬ 
nesis is more difficult because newly deposited bone mineral is much more labile 
than mineral that has been deposited for some time* The presence of bone mineral 
is usually indicated by staining with alizarin red S* This color may be faint, pink 
or bright red in larval fishes with ages from unhatched embryos through those with 
complete absorption of the yolk sac or even older* To state in the absence of the 
red color that osteogenesis or bone development is not present at any of these de¬ 
velopmental stages may be incorrect without microscopic examination of tissue 
structure because bone may be in an early stage of development or the mineral 
may have been removed during the fixation, clearing or staining steps. 

Consider the following : 

1* The bone stain in larval specimens fixed for a few days in formalin buffered with borax 
(about pH 9,0) is much lighter than in similar specimens lived in buffered neutral formalin 
or limestone buffered formalin* suggesting Joss of bone mineral paralleling the slow clearing 
of tissues or specimens stored in borax-formalin solutions* 

2. Although we have not observed larval bone loss in staining with the alcian blue stain, we 
predict that unless specimens are well dehydrated much of the larval bone will be dissolved 
in the acid stain, 

3. Larval specimens of fishes that have been fixed in formalin, stained with alcian blue and 
with alizarin red S as well as those that have not been so treated but stained only with alizarin 
red $, with obvious bone, often lose the bone stain in the enzyme clearing solution. Much of 
it remains in specimens cleared in potassium hydroxide solutions. 

Therefore, larval specimens should be fixed in neutral formalin* Some may be 
double stained; others should be stained for bone only and cleared with potassium 
hydroxide {instead of enzymes) soon after fixation* 


Stock Solutions 


1. Fixative : Mix several liters of 1 part concentrated formaldehyde solution (about 
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40 % by volume) and 9 parts distilled water (= 10 % formalin). 

(a) Buffered neutral formalin : add 4g sodium phosphate monobasic (NaH 2 P 04 
H 2 O) and 6.5 g anhydrous sodium phosphate dibasic (Na 2 HP 04 > per liter of 
10 % formalin; dissolve the phosphates separately in a small volume of the dis¬ 
tilled water that is to be used In preparing the 10 % formalin, or 

(b) Unbuffered formalin : if white powdered limestone (CaC 03 > is the buffer of 
choice, add it at the time of specimen fixation, and omit the phosphate buf¬ 
fers. 

2, Alcian blue stain solution : Prepare a solution of 40 parts glacial acetic acid and 
60 parts absolute ethyl alcohol. An alternate solution of 80 parts of 95 percent 
ethyl alcohol and 20 parts of glacial acetic acid (Simons and Van Horn, 1971) may 
be used but is less stable and often results in a much lighter stain. Mix 9 to 50 mg 
alcian blue powder (Alcian blue 8GX, 8GN or equivalent) with 100 ml of solution. 
This stain solution may be kept at room temperature for at least three or four 
weeks, 11 will have an initial pH of approximately 1.0 to L5. Do not use if more 
acidic than pH 1.0 or more alkaline than pH 3.0 or if there is a strong sweet odor 
of ethyl acetate. 

3, Potassium hydroxide solution (KOH) : Prepare a solution of one-half to one 
percent potassium hydroxide in distilled water, 

4, Saturated sodium borate solution : Add excess sodium borate powder (Sodium 
tetraborate, Na2B4C>7,IOH 2 O) to several liters of distilled water. Mix several 
times and allow excess sodium borate to settle, leaving a clear supernatant. 

5, Enzyme buffer solution ; Prepare by mixing 3 parts of saturated sodium borate 
solution (the supernatant from no. 4) and 7 parts distilled water, 

6, Glycerin solutions : Mix the following solutions of glycerin and stock potassium 
hydroxide solution or distilled water ; 

a. 40 parts glycerin and 60 parts potassium hydroxide solution, 

b. 70 parts glycerin and 30 parts potassium hydroxide solution. 


Method 

The following steps are presented for double staining and clearing of speci¬ 
mens. To obtain maximum staining of cartilage, the order of the first four steps 
should not be altered. When questions arise, consult the discussion. It parallels and 
contains observations that bear on the sequence of steps in the method. 

If only a single stain is to be used, the following steps can be omitted: for carti¬ 
lage alone omit step 8, and if desired omit steps 2, 3, 5 and 11 and decalcify in an 
acid and water solution. For bone only* omit steps 4 and 5 and, optionally, steps 
2, 3 and 1L 

Several properly fixed specimens may be placed together in one solution for 
staining and clearing. Small specimens can be cleared and stained In less time than 
large ones. For this reason, specimens differing in size should not be placed in the 
same alcian blue stain solution or the small ones should be removed immediately 
after staining to reduce the activity of the acetic acid on bone. 
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1. Fixation : Fill a collecting container about 3/4 full of one of the stock 10 % for¬ 
malin solutions. 

If stock unbuffered formalin is used, add white powered limestone in excess 
of saturation (5 or more teaspoons, 25 or more grams per liter) to the formalin. 
Be certain that the bottom of the container becomes well covered with lime¬ 
stone precipitate upon settling of the thoroughly mixed contents. Do not further 
modify the stock buffered neutral formalin. 

Kill specimens in the formalin solution. Avoid placing more than 250 ml of 
specimens in one liter of buffered neutral formalin or more than 150 ml of speci¬ 
mens in one liter of limestone modified formalin for fixing. Increase volume of 
fixative if volume of specimens is large. Add a minimum of 10 mi or more of 
specimens per liter to the limestone modified formalin to change the pH to near 
neutrality. Open the abdominal cavity of all specimens with heavy bodies and 
body lengths of 150 mm or greater, to permit rapid fixation of viscera. Remove 
dense skin or any integument that is impenetrable to or slowly penetrable to 
liquids - especially that of higher or terrestrial vertebrates, but avoid damage to 
or removal of cartilage or bony structures wherever possible. 

Gently rotate container immediately after adding specimens and every few 
hours during the first day, to distribute the formed acidity throughout the solu¬ 
tion. Drain off and discard all formalin solutions on 50 ml or more of specimens 
in one liter of fixative during the second or third day and replace with new for¬ 


malin of like kind and volume. Leave specimens in the fixative for three to five 
days (longer if long storage is planned or large specimens are present) before 
going to next step. Specimens already in museum storage (either alcohol or for¬ 
malin) can be taken directly through the next step. They cannot be improved 
for staining and clearing by further fixation (see discussion). 

2. Preparation for staining ; Larval fishes retain more of the stainable bone mineral 
and clear best if transferred directly (soon after fixation) to a KOH or KOH- 
alizarin red S solution; avoiding alcohol dehydration, acetic acid and enzyme 
clearing. 

Transfer other specimens to be double stained, from the fixative to a 50 to 
70 % ethyl alcohol (prepared with distilled water), then to 95 % ethyl alcohol, 
followed by one or two changes of absolute alcohol for near maximum dehy¬ 
dration. Leave in each alcohol solution 12 to 24 hours, or longer, dependingon 
specimen size. Omit this procedure if loss of bone mineral is unimportant. Spe¬ 
cimens to be stored may be quickly rinsed in water after fixation but must not be 
soaked, and then may be transferred through several ethyl alcohols such as 35 % 
and 55 % to a final 75 % alcohol. Such specimens are then ready for study or later 
dehydratation in alcohol for staining. Do not soak or wash specimens in water 
prior to storage or staining with alcian blue. 

3. Degreasing (optional): Transfer specimens from absolute ethyl alcohol to xylene 
to degrease the tissues of fatty or oily specimens. 
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4. Staining with akian blue : Transfer specimens directly from xylene or absolute 
alcohol to the stock alcian blue stain solution prepared with absolute ethyl 
alcohol. Stain volume should be nearly 10 times that of specimen. Avoid stain 
solutions prepared with 95 % ethyl alcohol unless absolute alcohol is not avai¬ 
lable, The length of time in the alcian blue stain should be as short as possible 
even if specimens have been dehydrated in absolute alcohol and xylene. The 
time required to stain specimens is judged according to the size of the specimens 
and by dissection to observe the intensity of blue in superficial cartilage struc¬ 
tures. Generally 1 2 to 24 hours are necessary to stain a small specimen 3 to 5 cm 
in length. Larger specimens may be retained in the stain solution a day or two 
following the observation of adequate staining of superficial cartilages. 

5. Neutralization : Immediately following adequate cartilage staining, transfer spe¬ 
cimens to a stock saturated borax or stock potassium hydroxide solution with 
a volume about 50 times that of specimens. Leave in this solution a day or two. 
Change solution at end of first day if specimens are bulky or longer than 100 mm. 

6. Bleaching: Bleach specimens in a solution composed of 10 to 20 parts hydrogen 
peroxide (H 2 O 2 , 3 % solution) and 80 to 90 parts stock potassium hydroxide 
solution. Place beneath a light or in a transparent container over a lighted box. 
Open body cavities to allow the bleaching solution access to the pigmented 
membranes of internal organs. The time necessary to bleach a specimen adequa¬ 
tely varies with the depth and intensity of pigment. Some specimens need no 
bleaching, some can be bleached in less than an hour and others will require 
several hours immersion for loss of pigment. Complete dissolving of pigment 
from a specimen is not necessary, but bleaching should be continued until all 
heavily pigmented areas have become decidedly pale. general, chromatophores 
will have been broken up sufficiently by the oxygen and will disappear in the 
enzyme solution after there has been considerable fading of the darker pigment. 
If specimens still contain a large amount of acid, the bleaching solution will 
become acidic, giving off oxygen bubbles slowly. When this occurs, change to 
a new solution. 


7. Clearing : Cover specimens in a stock enzyme buffer solution with a volume 10 
to 40 times that of the specimens. Add purified trypsin powder. One-fourth of a 
teaspoon, about 0.45 grams, of enzyme powder is adequate for most specimens 
weighing up to about 60 g and requiring 400 ml of liquid or less for immersion. 
Larger specimens require more enzyme. Tiny specimens can be cleared with less 
enzyme, but it is desirable to reduce the volume of buffer solution if a very small 
amount of enzyme is used. Mix well, but do not froth, and set the solution aside 
at 20° C to 30° C to clear the specimens. Higher temperatures are not recom- 
mended for the digestive activity. Completely change the solution in about two 
days. After the first change, provide a new digestion solution every 7 to 10 days. 
Leave in digestion solution until only one-tenth to one-fourth of the muscle 
tissue remains recognizable. 


i 



Pig, L - Gambum affinis (Baird and Girard), standard length 21.5 mm, limestone modified 
10 % formalin fixative and storage for more than two years; alcian blue and alizarin red S stains. 



Fig, 2. - Apogon parri Breder, standard length 32 mm, ethyl alcohol fixative and storage (old 
specimen); alcian blue and alizarin red S stains. 
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8. Staining with alizarin red S : Prepare a stain solution by mixing a very small 
quantity of alizarin red S powder in sufficient stock potassium hydroxide solu¬ 
tion for specimen immersion* Add alizarin until a deep purple or the desired 
color intensity is reached* Place specimens in stain solution and let them remain 
until the bones have become adequately stained, 

9. Cleaning : Remove specimens from solution, rinse in distilled water, and then 
eviscerate, remove scales and all undesired parts. 

10* Final clearing : Rinse specimens in distilled water, or soak in stock enzyme buffer 
solution if large quantities of alkali are suspected to be present in the body cavi¬ 
ties, and then return to a digestion solution (see step 7). Continue clearing until 
all muscle tissue has disappeared. 

11* Guanine removal (optional): Guanine or guanine-like substances, if still present, 
may be removed by soaking specimens in a solution of 2 to 4 percent potassium 
hydroxide for several days. 

1 2. Glycerin storage : Following enzyme clearing, many specimens are adequately 
transparent for study in alcohol. To attain uniformity and to avoid storage pro¬ 
blems, we work specimens through a glycerin series beginning with stock 40 per¬ 
cent glycerin, followed by stock 70 percent glycerin, and finally into 100 % 
glycerin* Add a few crystals of thymol (C]q H \4 O) to the final glycerin. Store 
in glass or plastic containers* Do not use metal containers or metal tops for gly¬ 
cerin storage* 


Discussion 

L Fixation : The proper handling of specimens before, during and after fixation is 
very important in obtaining good whole study specimens as well as good cleared 
and stained material. Freshly collected materia! should be fixed by killing in 
10 % formalin and kept cool in this solution in a dark place whenever possible. 

Attemps to double stain and clear fresh unfixed specimens by placing them 
directly in the alcian blue stain were unsuccessful* They not only stained poorly 
(some cartilage elements not at all) but as expected, considerable disassociafion 
of tissues took place. 

We have never had disassociation of tissues of specimens stained and cleared 
with enzymes that were initially fixed in cool formalin (see Taylor, 1967 and 
1977 for discussion)* However, some fishes from very cold water may have very 
delicate connective tissue, with a low thermal shrinkage temperature, that is 
easily denatured tissue may then be destroyed by proteolytic enzymes. 

The best specimens for most purposes and definitely for double staining, are 
those adequately fixed in neutral formalin (about pH 7.0). Taylor (1967) advo¬ 
cated borax buffered formalin when staining for bone. Borax-formalin mixtures 
with a pH of about 9.0 tend to clear tissues (Taylor, 1977) and apparently re- 
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move newly formed bone mineral in larval fishes. In comparative tests we have 
found that bones in sac fry fixed in borax buffered formalin stain much lighter 
with alizarin red S than those fixed in either of the recommended neutralized 
formalins. 

Always use distilled water in preparing formalin solutions. Never use natural 
or undistilled water unless it is known and virtually neutral or pure. Effects on 
bone and soft tissues from formalin prepared with natural water are extremely 
variable. 

Unbuffered formalin is usually acid and upon reaction with proteins may 
become more acidic (pH readings of 5.5 or less) with varied destruction of bony 
tissue. Of the two formalins recommended, buffered neutral formalin appears 
to be the most stable. It has a pH of about 7.0 without specimens, the pH 
reading dropping to about 6.4 with about 15 % high yield protein. The limestone 
modified formalin, without specimens, has alkaiinities of pH 8.0 - 8.4. With 
about 15 % high protein the acidity formed may give pH readings of 6.0 - 6.2. 
Taylor (1977) preserved drained tissues (not whole animals but some with high 
protein) in limestone buffered formalin. He found that at least 300 g tissue 
could be fixed per 100 ml concentrated formaldehyde, but the acid produced 
by the larger volume of tissue resulted in pH readings between 5.7. and 6.0, 
whereas the pH reading remained above 6.0 in solutions containing up to about 
200 g tissue. Most specimens are not high content protein, thus the suggested 
maximum volumes of specimens listed in the method for each formalin solution, 
when replaced with a second formalin, should maintain reasonable acidity - 
alkalinity ratios. 

We have compared alcian blue and alizarin red S staining in fishes that were 
fixed in unbuffered formalin, in three kinds of modified formalin, and in unbuf¬ 
fered 4 % glutaraldehyde, as well as old alcohol fixed specimens and formalin 
fixed specimens stored in both ethyl and isopropyl alcohols. The three modified 
formalin fixatives were : 10 % formalin neutralized with powdered limestone; 
buffered neutral formalin; and 10 % formalin buffered with sodium borate 
(pH 9.0). No interference from the additives nor difference in alcian blue stain¬ 
ing intensity resulted from any of the formalin fixatives in freshly fixed speci¬ 
mens. Specimens that had been stored in borax buffered formalin for more than 
two years had become semi-transparent, and their cartilage stained very poorly. 
Specimens that had been stored in unbuffered formalin and formalin neutralized 
with limestone, for more than two years, took up the airian blue stain adequately, 
but the specimens from unbuffered formalin showed a considerable loss of bone 
mineral when stained with alizarin red S. 

The cartilage in specimens stored in unbuffered glutaraldehyde stained light 
greenish, and these specimens couid only be cleared with much difficulty after 
several months of enzyme treatment alternated with maceration in potassium 
hydroxide solutions. 

Specimens from different lots that we judged had been initially fixed and 
stored in ethyl alcohol (because they were collected prior to use of formalde¬ 
hyde and had the appearance of alcohol fixation) were stained. The cartilages 
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and bones in these specimens stained brilliantly. The clearing of alcohol fixed 
specimens is unreliable, however, because they may disintegrate (see Taylor 
1967 and 1977). 

Results from specimens that had been fixed in formalin and stored in iso¬ 
propyl or ethyl alcohol for several years were equivocal; some stained well but 
others did not. Wassersug (1976) obtained similar results. The history of the 
treatment of these specimens is unknown but we believe the results reflect both 
extensive water soaking prior to transfer to alcohol storage and in part to dilute 
alcohol. Among six lots of specimens stored in near 70 % ethyl alcohol, two- 
thirds stained adequately and all to some extent. In contrast, only one-third of 
six lots of specimens stored in 30 % - 50 % isopropyl alcohol could be stained 
with alcian blue; two-thirds did not stain at all. The re fixing in formalin of spe¬ 
cimens that had been stored in alcohol did not improve their staining with 
alcian blue. 

The usual method of fixation wherein specimens are considered as water in 
a 10 % formalin (about 4 % formaldehyde) solution can result in poor fixation 
by crowding specimens into a container. There are no data on fixative to speci¬ 
men ratios for vertebrates, but Steedman (1976, p. 1 18) indicates for plankton 
that sound fixation practice is a maximum of 1 part specimens to 9 parts 10 % 
formalin (about 1 part specimens to 1 part concentrated formaldehyde solu¬ 
tion). His studies indicate that 100 g of shrimp bound about 7 g formaldehyde. 
This figure, 7 g, probably is a good average for many whole animals. Thus, up 
to 500 g of specimens could be fixed with 100 ml concentrated formaldehyde, 
providing the formaldehyde is uniformly distributed and available to all tissues 
to be fixed. We believe that no more than 250 ml (about 255 g) of specimens 
should be fixed in a solution containing 100 ml of concentrated formaldehyde 
for best preservation and pH control. 

We thus recommend that no more than 2 1/2 parts specimens be fixed with 
7 1/2-8 parts 10 % formalin, until further data can be obtained. The ratio of 
2 1/2 parts specimens to 1 part formaldehyde should produce maximum fixation 
with minimum acid activity when the formalin solution is adequately neutra¬ 
lized. 

After fixation specimens should never be washed or soaked in water to re¬ 
move formaldehyde. Formaldehyde does not interfere with stainabOity but the 
longer specimens are in water the greater the loss of stainable material from 
cartilages. For immediate clearing and staining or long time storage we recom¬ 
mend transferring specimens directly from formalin to alcohol prepared with 
distilled water, through graded series (such as 35 %, 55 %and finally 75 % ethyl 
alcohol), 

2. Preparation for staining ; Previous methods (Simons and Van Horn, 1971; 
Wassersug, 1976) for cartilage staining specify washing specimens following fixa¬ 
tion. We disagree strongly wuh this procedure because formaldehyde does not 
interfere with alcian blue staining and, as also pointed out by Peaxse (196S), 
washing removes the stainable mucopolysaccharides from cartilage. Actually, 
formaldehyde fixation seems to bond the cartilage mucopolysaccharide until 
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the bonds are broken or replaced. In all cases, specimens transferred directly 
from formalin to stain solutions were found to stain as well as or better than 
those rinsed in water for a brief time. 

In comparative tests, we have found that small cartilages, such as those loca¬ 
ted at the base of the fin rays and the opisthural cartilage of small clupeid and 
cyprimd fishes could not be stained after soaking in water to remove the fixa- 
live, although these elements stained nicely in unwashed control specimens. The 
longer a specimen is soaked* the less the amount of stain retained in small ele¬ 
ments. Water soaking of specimens thus is detrimental to cartilage staining. Small 
cartilage elements therefore may be overlooked if prolonged soaking of a speci¬ 
men takes place prior to staining. A similar loss of stainability took place with 
treatment by pancreatic enzymes and potassium hydroxide. In such cases* the 
stainable mucopolysaccharide was reduced or virtually eliminated. Thus, speci¬ 
mens treated with these materials* especially previously cleared and stained spe¬ 
cimens* cannot be expected to stain adequately with alcian blue. The effects are 
less noticeable in large, thick cartilages* which can often be stained even though 
treated with pancreatin or soaked in water. 

We recommend transferring all specimens directly from the formaldehyde 
fixative to alcohol and omitting any washing or soaking of them in water, 
whether they are to he stained immediately or stored in collections for future 
reference . 

For double blue staining the further dehydration of specimens in absolute 
ethyl alcohol is essential. Comparisons have shown that there is less loss of bone 
mineral* because of greatly reduced acidic activity of the stain on dehydrated spe¬ 
cimens; in undehydrated specimens transferred directly from formalin, bone loss 
may be extensive in the acid cartilage stain. In undehydrated specimens, small 
bones may be completely demineralized and not stainable with alzarin red S and 
fin rays often stain blue instead of red. Moreover* the reduction in water content 
of specimens enhances the staining of cartilage and lengthens the useful life of 
the staining solution. 

3. Degreasing ; Following the dehydration sequence, the transfer of specimens to 
xylene to extract fats and oil will obviate further dehydrated steps after the clear¬ 
ing process. Although complete degreasing may not be accomplished at this 
stage when large specimens are involved* it materially reduces lipids in the tis¬ 
sues. The use of xylene will further dehydrate specimens. The cartilage of speci¬ 
mens dehydrated through xylene stained as well as the cartilage of similar speci¬ 
mens run through the same solution but not treated with xylene. Residual 
xylene in specimens does not seem to change the rate of clearing with pan- 
creatin. 

4. Staining with alcian blue : Alcian blue stains are identified by various suffixes. 
The four types of alcian blue we tested were designated as 8GS, 8GN* and 8GX, 
one lot having no designation. Equal amounts of each stain placed in identically 
prepared and equal volumes of the acetic acid and alcohol mixture, mixed in 
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the 4 to 6 ratio respectively, produced different color intensities of stains, but 
all four stains were judged useable for cartilage staining. On the basis of this 
observation and other tests, we conclude that the best staining results are achie¬ 
ved from any of the stains by mixing solutions of definite color intensity. The 
9 mg of powder per 100 ml of solution that was recommended by Wassersug 
11976} produced a stain that was light, but up to 30 mg of any of the stains was 
sufficient to produce reliable results and not be wasteful of stain. For intensive 
staining, the solution color should approximate oxide blue. Stain solutions 
containing 80 % absolute alcohol and 20 % acetic acid were compared with those 
containing 8 parts 95 % ethyl alcohol and 2 parts acid. In agreement with Si¬ 
mons and Van Horn (1971), we found that stains prepared with absolute ethyl 
alcohol produce a more intense color. Stains prepared in the usual ratio of 60 % 
alcohol to 40 % acetic acid using both 95 % ethyl alcohol and absolute alcohol 
both produced acceptable results, but the absolute alcohol resulted in the most 
reliable and intense alcian blue staining. 

Specimens should not be left in the staining solution longer than necessary. 
Excessive time in the acid stain will demineralize bones, and other soft 
tissues may tend to take up the stain. Some of the stain in these other tissues 
is removed during enzyme clearing. 


5. Neutralization : Dehydration, prior to staining with alcian blue, is important. Con¬ 
trary to Simons and Van Horn (1971) and Wassersug (1976), there is no benefit 
in dehydration after alcian blue staining is complete. Dehydration following 
staining does not improve the stain nor does it affect stain retention. The alcian 
blue may indeed act as a fixative for the cartilage mucopolysaccharides. Speci¬ 
mens that were held in water, alkaline solutions, pancreatic enzyme solutions, 
alcohol, or acid-alcohol for two weeks or longer after staining with alcian blue, 
but without undergoing the specified dehydration, as well as other specimens 
stored in glycerin for several months, show no sign of any loss of blue stain. 

We conclude that the blue stain is permanently fixed in the cartilage by the 
stain solution itself and requires no further fixation with alcohol. The stain 
cannot be removed with any of the materials normally used in clearing and 
staining. 

Instead of continuing the dehydration of specimens after staining, immediate 
neutralization of their acid content with an alkaline solution is essential to pre¬ 
vent further demineralization. The stock potassium hydroxide solution or stock 
saturated borax solution applied in sufficient volume will reduce the acidity of 
specimens, but several changes over one or two days may be necessary to reach 
neutrality. 

If the activity of the acetic acid is not neutralized, the subsequent bleaching, 
and clearing by means of pancreatin, will be retarded or prevented as a result of 
the lowering of the pH of these solutions into the acid range. Moreover, the 
continual exposure of specimens to the original acid, even though diluted, will 
result in further loss of bone mineral. 
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6-12. Bleaching-Glycerin storage : See Taylor (1967) for additional comments on 
these steps. 

If neutralization has been incomplete, the acid content of specimens may 
interfere with the bleaching process so that several changes of bleaching solution 
may be necessary to bleach them effectively. Because of the residual acid con¬ 
tent, the first enzyme solution should be changed in about one day. Degreasing 
before staining with alcian blue is recommended rather than after clearing, as 
suggested by Taylor (1967, p, 10). If this sequence is found to be ineffective, 
however, the process can be undertaken at any time. 


Except for fish larvae where bone mineral is reduced through the action of enzymes, 
we prefer to clear specimens with enzymes rather than potassium hydroxide. Enzy¬ 
me clearing yields tough, whole specimens and can be done readily at any time. 
Clearing with potassium hydroxide must be done soon after fixation or specimens 
become torn and disfigured in the clearing process. Poorly fixed specimens and 
those initially fixed in alcohol may completely disintegrate in either of the clearing 
fluids. These fluids should never be applied before step 4 is completed. 

In cross sections of double stained, segmented fish fin rays, we have observed that 
each branch exhibits very fine superficial layers of blue with the bulk of its internal 
portions deep red, the red thus masking the blue,Further acidity undoubtedly would 
have reduced the area of red and increased the blue. Bony structures may thus be 
demineralized, because of excessive acidity during fixation and subsequent staining 
with alcian blue, and some of them may be confused with cartilaginous structures. 
These should be checked by staining additional specimens for bone only. 
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